Introduction
Stem cell transplantation therapy has shown a positive safety outcome (Menasché et al., 2001; Strauer et al., 2002; Makkar et al., 2012) but poor (Makkar et al., 2012; Traverse et al., 2012) and inconsistent (Abdel-Latif et al., 2007; Bolli et al., 2011; Donndorf et al., 2011) improvements to heart function in clinical trials. Similarly, preclinical studies demonstrated stem cell engraftment (Kehat et al., 2004; Shiba et al., 2012) but limited contractile benefits (Kehat et al., 2004; Laflamme et al., 2007) .
We reasoned that to repair the contractile properties of the heart, mechanical forces must be transmitted across the boundaries between the newly generated myocytes and spared myocardium. This entails the formation of intercalated disks, specialized cell-cell junctions that transmit electrochemical signals (Bers, 2002) and mechanical forces (Parker and Ingber, 2007) . The coordinated assembly of these structures relies on the distribution and remodeling of cell-matrix and cell-cell adhesions (Wu et al., 2002; Hirschy et al., 2006; McCain et al., 2012b) , which further depends on the contractile state of the cell cytoskeleton. Unfortunately, cellular traction forces between newly formed and existing myocytes cannot be measured in vivo.
Our hypothesis is that newly formed myocytes exhibit weaker contractile strength that limits force transmission at the junction with primary myocytes. To test this hypothesis, we developed an in vitro assay to study the mechanical coupling between two cell microtissues (µtissues). As in vitro proxies for native and newly formed myocytes, we used murine neonate ventricular myocytes and immature murine embryonic stem cellderived myocytes (mES-CMs; Sheehy et al., 2014) or murine induced pluripotent stem cell-derived myocytes (miPS-CMs), respectively. Immunohistochemistry revealed aligned actin myofibrils and β-catenin-containing cell junctions between neonate and stem cell-derived myocytes. Ratiometric Ca 2+ imaging and traction force microscopy (TFM) revealed synchronous Ca 2+ transients and mechanical contractions between cells, but reduced Ca 2+ levels and lower peak systolic forces were observed in mES-and miPS-CMs coupled with neonate myocytes. Pivotally, these differences yielded an imbalance in tension across μtissues that was accompanied by the appearance of traction forces and substrate adhesions near the cell-cell junction. A finite element model of muscle contraction revealed that differences in isometric tension were sufficient to predict the observed pattern of adhesive forces on the substrate. Our findings suggest
The efficacy of cardiac cell therapy depends on the integration of existing and newly formed cardiomyocytes. Here, we developed a minimal in vitro model of this interface by engineering two cell microtissues (μtissues) containing mouse cardiomyocytes, representing spared myocardium after injury, and cardiomyocytes generated from embryonic and induced pluripotent stem cells, to model newly formed cells. We demonstrated that weaker stem cell-derived myocytes coupled with stronger myocytes to support synchronous contraction, but this arrangement required focal adhesion-like structures near the cell-cell junction that degrade force transmission between cells. Moreover, we developed a computational model of μtissue mechanics to demonstrate that a reduction in isometric tension is sufficient to impair force transmission across the cell-cell boundary. Together, our in vitro and in silico results suggest that mechanotransductive mechanisms may contribute to the modest functional benefits observed in cell-therapy studies by regulating the amount of contractile force effectively transmitted at the junction between newly formed and spared myocytes.
Coupling primary and stem cell-derived cardiomyocytes in an in vitro model of cardiac cell therapy that despite achieving synchronous contraction, reduced force transmission between spared and newly formed myocytes may limit repair of the contractile function in cardiac cell therapy.
Results and discussion
Contractile structure and function in primary and stem cell-derived myocytes
In this study, we used myocytes harvested from neonate mouse hearts or differentiated from mES and miPS cells to model stronger native and weaker regenerated myocardium, respectively. To validate this choice, we assessed the structural and functional proficiency of isolated neonate myocytes and mESand miPS-CMs cultured on fibronectin islands (7:1 length-towidth ratio) that were microcontact-printed on soft (13-kPa) gels that mimic the microenvironment of the healthy heart (Engler et al., 2008; McCain et al., 2014) .
Neonate myocytes and mES-and miPS-CMs exhibited striated myofibrils that extended parallel to the longitudinal axis of the cell, as demonstrated by immunostains of actin ( Fig. 1 A  [i] ) and α-actinin ( Fig. 1 A [ii] ). To quantify actin alignment, we calculated the orientational order parameter (OOP), which yields values ranging from 0 to 1 for randomly distributed and perfectly aligned networks, respectively (Pasqualini et al., 2015) . We found that both primary and stem cell-derived myocytes had highly aligned cytoskeletons, with OOP >0.9 (Fig. 1 B) . To compare the contractile force of spontaneously beating myocytes, we used TFM. Substrates were doped with fluorescent beads whose displacement between peak systole and diastole was measured and converted into traction stress (Butler et al., 2002) . Displacement ( Fig. 1 C [i] ) and traction stress ( Fig. 1 C [ii] ) heat maps of neonate myocytes and mESand miPS-CMs revealed localization of stresses at the proximal ends of the cells, with large traction force vectors along the longitudinal axis (Videos 1-3). A comparison of peak systolic longitudinal force revealed roughly twofold lower magnitudes for mES-and miPS-CMs relative to neonate myocytes (Fig. 1 D) .
Collectively, these results show that despite exhibiting similar cytoskeletal organization, stem cell-derived myocytes were significantly weaker than neonate myocytes.
Contractile architecture in paired primary and stem cell-derived myocytes
For cardiac stem cell therapy to be effective, seamless integration of newly formed and existing myocardium must be achieved. This requires the formation of intercalated disks that facilitate gap junction formation and electrical conduction (Chung et al., 2007; Kim et al., 2010) , as well as myofibril registration and force transmission (Parker and Ingber, 2007) . We asked whether this process is impaired when cells of unequal contractile strength are coupled together. To answer this question, we engineered cardiac myocyte pairs, or µtissues (McCain et al., 2012a,b) . Homogeneous µtissues consisted solely of pairs of neonate myocytes or mES-or miPS-CMs, and heterogeneous µtissues were composed of a single neonate cell coupled to a GFP + mES-or miPS-CM (Fig. 2 A) . We observed that myofibrils aligned parallel to the longitudinal axis and appeared registered in all pairs (Fig. 2 A) . All µtissue configurations formed cell-cell junctions and expressed β-catenin (Fig. 2 B) and connexin-43 (Fig. 2 C) , proteins responsible for mechanical and electrical coupling, respectively. Quantitatively, myocytes spread to occupy roughly half the μtissue area, exhibited actin OOP >0.9, sigmoidal junctions (McCain et al., 2012b) , and elongated nuclei (Ye et al., 2014) independently of pairing type (Fig. S1 ). Together, these results demonstrate that in our cardiac cell therapy on-a-chip platform, heterogeneous μtissues can exhibit the same molecular markers of engraftment that are observed in vivo.
Calcium handling in paired primary and stem cell-derived myocytes
To test the electrochemical coupling of engineered μtissues, we quantified Ca 2+ transients via dual-excitation ratiometric analysis (Lohr, 2003; Sheehy et al., 2014) . Although Ca 2+ transients in neonate myocytes and mES-and miPS-CMs paired in heterogeneous pairs had different time courses, all coupled cells exhibited synchronized activity (Fig. 2 D) . We constructed a cross-correlation function that measures the time lag between the two Ca 2+ signals. Within the limits of our experimental sampling frequency, we observed no frame lag (Fig. 2 E [i] ). This translates to a conduction velocity in excess of 5 cm/s, in good agreement with a previous study (Cohen-Karni et al., 2009 ). Using the cross-correlation coefficient, a metric of similarity between signals, we showed that the time course of cytoplasmic Ca 2+ in homogeneous mES pairs, and all heterogeneous pairs, had significantly more variability than that of the other homogeneous pairs (Fig. 2 E [ii] ). In addition, although homogeneous pairs maintained nearly identical diastolic Ca 2+ levels, mESCMs had almost twofold lower Ca 2+ levels than neonate myocytes and 1.5 times lower levels than miPS-CMs. Moreover, diastolic Ca 2+ levels in neonate myocytes paired with mES-or miPS-CMs were ∼30% lower than those observed in homogeneous neonate pairs. Correspondingly, the coupling of stem cell-derived myocytes to neonate myocytes did not increase diastolic Ca 2+ levels; mES-CMs exhibited no significant change, whereas miPS-CMs experienced a significant ∼9% reduction compared with respective homogeneous pairings (Fig. 2 F) .
Collectively, these results support the notion that myocytes at different maturation stages can form synchronized μtissues, yet possible cell line-specific proarrhythmic heterogeneities in Ca 2+ handling persist and may contribute to depressed contractile function, perhaps through a classic inotropic effect (Bers, 2001 ).
Contractile function in paired primary and stem cell-derived myocytes
To test whether intrinsic differences in force generation capacity between primary and stem cell-derived myocytes impact μtissue function, we adopted TFM to study spontaneously beating cell pairs (Videos 4-6). A comparison of substrate displacement ( Fig. 3 A [i] ) and traction stress (Fig. 3 A [ii] ) across homogeneous µtissues revealed that paired neonatal myocytes exerted greater peak systolic displacement and traction stress than either mES-or miPS-CM μtissues. Importantly, traction stresses adjacent to the cell-cell junctions were evident in heterogeneous pairs but virtually absent in homogeneous ones. Confocal imaging of a focal adhesion marker, vinculin, revealed focal adhesion formation at the lateral ends of all cell-pair types and occasional localization of adhesions near heterogeneous cell-cell junctions, consistent with regions of high traction stress (Fig. 3 B) .
To assess whether neighboring neonate myocytes or mESor miPS-CMs exhibit mechanical synchrony when coupled, we quantified the total longitudinal traction force exerted on the substrate in each cell and at the junction during a contraction cycle (Fig. 3 C [i] ). Both mES-and miPS-CMs remained weaker than neonate myocytes in homogeneous pairs but exhibited synchronous contraction profiles and minimal junctional traction force (Fig. 3 C [i] ). In heterogeneous pairs, contraction profiles for neonate myocytes or mES-or miPS-CMs were also in phase (Fig. 3, A and C [iii and iv] ), yet the total durations of the contraction cycles were ∼40% longer than in homogeneous neonate pairs (Fig. 3 D) . Furthermore, in homogeneous pairs, neighboring cells exerted similar levels of force on the substrate: primary myocytes exerted significantly higher levels of force (∼0.55 µN; Fig. 3 E) than mES-and miPS-CMs (∼0.25 and ∼0.30 µN, respectively). In contrast, the difference in forces between neighboring cells within heterogeneous pairs comprised 30-35% of the total peak systolic force exerted by the cell pair. Interestingly, traction forces at the junction between cells with uneven contractile strength were even higher on microenvironments that mimic disease states (Fig. S2 ), consistent with a previous study (McCain et al., 2012b) . Finally, we asked whether the variability in tension generated by cell pairs resulted from differences in the performance of each cell within the pair, which might be actively contracting or Results are presented as mean ± SEM (n = 8, 13, 9, 15, and 6 for neonate-neonate, mES-mES, mES-neonate, miPS-miPS, and miPS-neonate, respectively). *, P < 0.05, statistically significant difference with homogeneous neonate pair.
passively stretching. In homogeneous pairs of primary myocytes, each cell within a pair shortened by roughly 7% (Fig. 3 F) , significantly more than in the stem cell-based homogeneous pairs (3% and 4% for mES-and miPS-CMs, respectively). In heterogeneous pairs, mES-and miPS-CMs shortened by 1.6% and 4.6%, respectively, whereas neonate myocytes within these pairs shortened by 5.6% and 7.7%, respectively. These values resulted predominantly from movement by lateral edges in the direction of the neighboring cell, suggesting that both myocytes were actively contracting and not passively stretching.
Similar to what we observed in in vitro models of cardiac development and disease (McCain et al., 2012b) , these results suggest that the cell-matrix adhesions located at the cell-cell junctions may have the functional role of dissipating excess force onto the substrate, thereby preventing mechanical disruption of the cell-cell junction.
A computational model of paired primary and stem cell-derived myocyte mechanics
We previously documented that multiple transcriptional and functional differences exist between these primary and stem cell-derived myocyte populations, including expression of atrial transcription factors, fetal contractile protein isoforms, and reduced calcium currents (Sheehy et al., 2014) . Because the relative importance of each mechanism may vary in newly formed myocytes from different species, origins, and/or repair mechanisms, we developed a generalized computational model of μtissue mechanics (Fig. 4 A) . Through this model, we directly tested whether differences in contractile strength may be responsible for the pattern of adhesion formation and traction stress observed in our study. We treated the μtissue as a 2D continuum whose contractile behavior is governed by the Hill equation and whose anchoring is mediated by elastic constraints. Additionally, we included positive feedback between adhesion maturation and traction stress (Grosberg et al., 2011 ). We assigned model parameters based on literature values and our single-cell data, exclusively. Specifically, we assigned smaller magnitudes of isometric tension and strain rate constants to stem cellderived myocytes in heterogeneous pairs, because of the known inotropic effect of diastolic calcium levels (Bers, 2001) . Importantly, we did not specify the locations of adhesion formation but allowed for adhesion maturation and strengthening to develop in the model (Fig. S3 and Videos 7-10).
Our simulations showed that in homogeneous µtissues, high traction stress was distributed solely near the two lateral ends of the islands. In heterogeneous µtissues, additional high traction stress localized to the tip of the neonate myocyte near the cell-cell interface (Fig. 4 B, red arrow) . These results were consistent with our experimental traction stress maps (Fig. 3 A) , suggesting that the presence of a weaker cell in the pair was sufficient to cause the patterns of traction stress observed in heterogeneous cell pairs. Further, as shown in Fig. 4 C, the predicted cellular tension at peak systolic contraction was distributed continuously across the cell-cell interface for the homogeneous pair. In contrast, in the heterogeneous pair, cellular stress was lower in the stem cell-derived myocyte than in the neonate one, and a discontinuity of cellular stress occurred at the cell-cell interface. Moreover, predicted forces and the mean percent shortening (Fig. 4 D) were also in agreement with our in vitro data (Fig. 3, E and F) , confirming that the stem cellderived myocytes shortened less than the neonate myocytes, yet neither cell lengthened.
Thus, our computational model suggests that pairing myocytes with intrinsically different contractile properties, such as (n = 7, 12, 8, 7 , and 7 for neonate-neonate, mES-mES, mES-neonate, miPS-miPS, and miPS-neonate, respectively). *, P < 0.05, statistically significant differences from the neonate-neonate case for cellular values; † , P < 0.05, statistically significant differences from the neonate-neonate case for junctional values.
a reduction in isometric tension, is sufficient to induce force transmission remodeling at the cell-cell junction.
Mechanotransduction and cardiac stem cell therapy
We presented a novel muscle-on-a-chip platform to quantify the structural and functional engraftment of primary and stem cell-derived myocytes. We showed that weaker mES-or miPSCMs can align myofibrils, form gap junctions, and contract synchronously with stronger neonate myocytes. Further, we showed that stem cell-derived myocytes exhibit impaired calcium handling and exert lower contractile force than primary cells, resulting in a net junctional force that was balanced by compensatory cell substrate adhesions at the cell-cell junction. Our in vitro and in silico results suggest that myocytes sense the force imbalance across the cell-cell junction and respond by depositing junctional substrate adhesions that dissipate the excess force. Further studies are required to clarify whether these cell substrate adhesions are mature focal adhesions that participate in intracellular signaling. At this point, we note that in the absence of this mechanotransductive mechanism (Fig. 4 E) , the cell-cell interface could be mechanically disrupted, which would compromise tissue morphogenesis and the recruitment of cell-cell coupling proteins into the nascent intercalated disk (McCain et al., 2012b) .
We believe that our findings in a mouse model can be extrapolated to human cells in the context of cardiac cell therapy, even if we could not directly test our system with rare human primary myocytes that dedifferentiate rapidly in culture (Kubin et al., 2011; Morrisey, 2011) . In fact, despite a variety of proposed cell types and repair mechanisms, newly formed myocytes were consistently small and mononucleated and characterized by an immature organization of sarcomeres, mitochondria, and T-tubules. Together, these characteristics suggest that newly formed myocytes may be weaker than spared ones in vivo and therefore may be subject to the compensatory mechanism we describe herein. In this context, our data suggest that stem cell-derived myocytes can form a syncytium with the native myocardium, which may explain the reduction in infarct size reported in many studies (Abdel-Latif et al., 2007; Bolli et al., 2011; Donndorf et al., 2011; Makkar et al., 2012; Traverse et al., 2012) . At the same time, the heterogeneity in calcium handling and force generation properties observed between stem cell-derived and primary myocytes may result in force transmission impairment and possibly proarrhythmic events that ultimately limit the therapeutic benefit (Makkar et al., 2012; Traverse et al., 2012) .
In conclusion, as protocols for the differentiation of more mature, chamber-specific human ES-/iPS-CMs become available, we envision expanding the cardiac cell therapy on-a-chip platform into a screening assay to identify cell types or pharmacological and/or gene therapy strategies that potentiate (a) the mechanical coupling between stronger and weaker myocytes in vitro and (b) the engraftment of newly generated myocytes in the spared myocardium in vivo.
Materials and methods

Cell culture
Cor.At mES-and miPS-derived cardiac myocytes. Cor.At mES-derived cardiac myocytes (lot CS25CL_V_SN_1M, production date 2/16/2010; lot CS148P_1M, production date 7/9/2010; and lot CS152_1M, production date 8/16/2010) and miPS-derived cardiac myocytes (lot CS4i4M [AXIO0013_1VL] and lot CS07CL-i, production date 5/9/2011) were cultured using medium prepared according to manufacturer specifications (Axiogenesis). In brief, cells were cultured in culture flasks precoated with 10 µg/ml fibronectin in puromycin-containing culture medium at 37°C and 5% CO 2 for 24 h. After 48 h, the cells were rinsed with fresh medium, without the puromycin antibiotic selection agent.
Harvest of neonatal mouse cardiomyocytes. Ventricular tissue was excised from 2-d-old neonatal BALB/c mice and dissociated into a 95% pure preparation of isolated cardiac myocytes as previously described (Sheehy et al., 2014) . Excised ventricular tissue was rinsed with Hanks balanced salt solution, incubated in a 0.1% (wt/vol) solution of trypsin (USB) with agitation overnight at 4°C, and dissociated via serial exposure to a 0.1% (wt/vol) solution of collagenase type II (Worthington Biochemical) at 37°C for 2 min. A 45-min preplating step was used to reduce the number of nonmyocytes in the preparation. All procedures were approved by the Harvard Animal Care and Use Committee.
Primary and stem cell-derived cardiomyocyte seeding procedures. Cor.At mES-and miPS-derived cardiac myocytes were cultured according to manufacturer specifications (Axiogenesis) in positive selection medium containing puromycin for 48 h before cell dissociation by 0.25% trypsin. For heterogeneous cultures, Cor.At mES-or miPS-CMs were seeded simultaneously with isolated neonatal mouse ventricular myocytes onto microcontact-printed substrates at equal densities (8,000 cells/cm 2 per cell type) and cultured in Cor.At proprietary medium (Axiogenesis). For homogeneous cultures, primary myocytes or mES-/miPS-CMs were seeded at densities of 16,000 cells/ cm 2 . Myocytes were cultured on microcontact-printed substrates for 3 d before experimentation. Experiments were performed in an incubation chamber on a laser scanning confocal microscope (Carl Zeiss) maintained at 37°C and cultured in Tyrode's solution (1.8 mM CaCl 2 , 5 mM glucose, 5 mM Hepes, 1 mM MgCl 2 , 5.4 mM KCl, 135 mM NaCl, and 0.33 mM NaH 2 PO 4 , pH 7.4).
Photolithography and microcontact printing
Polymer stamps designed for microcontact printing were prepared as previously described (McCain et al., 2012b (McCain et al., , 2014 . Photolithographic masks were designed in AutoCAD (Autodesk), and consisted of rectangles of 2,000-µm 2 surface area, spaced by 100 µm on each side, with length-to-width ratios of 7:1. Silicon wafers (Wafer World) were spin-coated with SU-8 2002 photoresist (MicroChem), exposed to UV light, and submerged in propylene glycol methyl ether acetate to dissolve masked regions. Polydimethylsiloxane (Sylgard 184; Dow Corning) elastomer was poured onto the wafers, cured, and peeled to generate stamps.
Fabrication and microcontact printing of polyacrylamide gels
All functional experiments were conducted using 13-or 90-kPa polyacrylamide gel substrates (5% acrylamide :0 .3% bisacrylamide; Molecular Probes) that were fabricated on 25-mm coverslips, as previously described (McCain et al., 2012b (McCain et al., , 2014 Ye et al., 2014) . For TFM experiments, gels were doped with streptavidin-acrylamide and 200-nm fluorescent beads (Invitrogen) with a final ratio of 1:5 and 1:30 by volume, respectively. For all other experiments, gels were bead-free. Fibronectin (BD Biosciences) was biotinylated by cross-linking with biotin using Sulfo-NHS-LC-Biotin (Pierce). Polydimethylsiloxane stamps were incubated with 200 µg/ml of biotinylated fibronectin for 1 h and dried before stamping the top surface of polyacrylamide gels.
Immunofluorescence
Myocytes were fixed in 4% PFA in PBS buffer at RT for 10 min. Cells were immunostained by incubating for 1 h at RT with combinations of primary antibodies against connexin-43 (MAB3068; Millipore), β-catenin (C2206; Sigma-Aldrich), sarcomeric α-actinin (clone EA-53; Sigma-Aldrich), vinculin (hVIN-1; Sigma-Aldrich), DAPI (Invitrogen), and Alexa Fluor 488-, 546-, or 633-conjugated phalloidin (Invitrogen). Secondary antibodies conjugated to Alexa Fluor 488, 546, or 633 (Invitrogen) were used against the appropriate primary antibody for 1-h incubation at RT. All antibodies were used at a dilution of 1:200. Immunostained samples were imaged with a confocal microscope (LSM5 LIVE; Carl Zeiss).
TFM
Spontaneously beating cardiac myocytes along with 200-nm fluorescent beads at the top surface of polyacrylamide gels were imaged sequentially at 60 Hz using a scanning confocal microscope, with a 40× Plan-Apochromat oil objective. Cells were imaged at 37°C for at least four contraction cycles. High-resolution TFM Fourier transform traction cytometry methods were used to track bead displacement over time and determine traction stress as previously described (Butler et al., 2002) . The total traction force, F x , exerted by a cell on the substrate along the x axis was calculated by summing the magnitudes of all traction force vectors, F → x,i and multiplying by a factor of one half:
Ratiometric Ca 2+ experiments and analysis
Myocytes were incubated with in an 8-µM solution of acetoxymethyl Fura Red (F-3021; Invitrogen) reconstituted in Pluronic F-127 (20% solution in DMSO; P-3000MP; Invitrogen) for 20 min before rinses in Tyrode's solution and experimentation. Spontaneously beating cardiac myocytes were imaged sequentially at 216.5 Hz using a scanning confocal microscope with a 40× Plan-Apochromat oil objective at 37°C. Images were collected at 405 and 488 nm and preprocessed using ImageJ software to correct for background illumination and outline each cell within a pair (GFP positive mES-and miPS-CMs were distinguishable from neonate myocytes). The mean intensity over time in each region of interest was measured and analyzed in MATLAB. Region-of-interest measurements were parsed to isolate the time course of the Ca 2+ transients, as measured under 405-nm (Ca405) and 488-nm (Ca488) illumination and used to calculate the ratio Ca405/Ca488. Only traces pertaining to cells beating at a frequency comparable with those observed during TFM experiments (2.5 ± 0.8 Hz) were included in this phase. Four to six steady-state transients were averaged in each recording and used to calculate diastolic level, peak level, time to peak, and duration of the Ca 2+ transient at 50% and 90% decay. We performed two separate analyses of the ratiometric recording. First, the trains of calcium transients recorded in each cell in the pair were subjected to cross-correlation analysis (Cohen-Karni et al., 2009) . In brief, the normalized cross-correlation of two signals x and y was calculated with the following formula:
where i = {1, 2, ..., N} are the sampled values of the signals; μ x , μ y , σ x , and σ y are the means and SDs of x and y, respectively, and τ represents a time lag. The value of τ for which r is maximum is an estimate of the conduction velocity, as it determines how many frames it takes for the peak of one signal to travel to the second one. The maximum value of r(τ) (or the cross-correlation coefficient) provides an estimate of how globally similar the two signals are.
Statistical analysis
Statistical analysis was conducted with SigmaPlot; data were first tested with the Shapiro-Wilk test for normality and the Levene median test for equal variance. One-way analysis of variance tests were conducted for normally distributed datasets, followed by pairwise posthoc Student-Newman-Keuls test. Alternatively, statistical conclusions were drawn using analysis of variance on ranks followed by Dunn's test for pairwise comparison.
Cell mechanics model
In our finite element model, the cell-pair µtissue is treated as a 2D continuum (Fig. S3 A) . Cell substrate adhesion is modeled by applying elastic constraints to the displacement field throughout the µtissue domain (Fig. S3 B) . Thus, the equilibrium equations of the 2D µtissue in the (x, y) plane can be written as (Sadd, 2014) :
and
where σ x , σ y , and τ xy are stress components; u x and u y are displacement components; h is the height of the µtissue; and k cs (x, y) is the cell substrate linkage constant. The traction stress components on the substrate can be written as
We plot the magnitude of the traction stress T = √ _________ T x 2 + T y 2 for the traction stress maps in Fig. 4 in the text and in Fig. S3 . Note that in the 2D problem, the cell substrate adhesion enters the equilibrium equations as "body force," instead of boundary conditions. The position-dependent cell substrate linkage constant k cs (x, y) is a lumped parameter that accounts for both the substrate elasticity and the density of bound integrin. Because the substrate elasticity is not varied in this work, k cs (x, y) is defined as a function of the density of bound integrin ρ(x, y) alone:
where parameter k max is the maximal cell substrate linkage stiffness, and parameter ρ max is the maximal density of bound integrin. We use k max = 0.7 kPa/µm and ρ max = 400 µm −2 in all simulations. The focal adhesion maturation is thought to be coupled with the traction stress with a positive feedback loop (Grosberg et al., 2011) . Here, we implemented the positive feedback using the following simple form:
where Τ 0 is the traction stress threshold, the reference to which the density of bound integrin is redistributed based on the magnitude of the traction stress. We use Τ 0 = 1.0 kPa for the homogeneous pair and Τ 0 = 0.56 kPa for the heterogeneous pair in the simulations. The purpose of applying Eq. 6 is to make the bound integrin density ρ(x,y) approach ρ max when T(x,y) > Τ 0 and to make it approach zero when T(x,y) < Τ 0 . Cell-cell adhesion is modeled as elastic springs and implemented into the finite element model by defining its deformation energy E cc as
where k cc is the cell-cell adhesion spring constant; the path Γ denotes the cell-cell interface ( Fig. 4 A) ; S denotes arch length along Γ; and ( u x 1 , u y 1 ) and ( u x 2 , u y 2 ) are displacement components of cells 1 and 2 at the cell-cell interface, respectively. We use k cc = 0.05 kPa for the homogeneous pair and Τ 0 = 0.01 kPa for the heterogeneous pair in the simulations.
We adopted Hill's three-element model (Fung, 1993) for the contraction of cardiomyocytes. A schematic of Hill's three-element model is shown in Fig. S3 (B and C), in which the myofibril is modeled as a contractile element and an elastic spring in series, and a parallel element represents the passive components of the cytoskeleton that deforms under active contraction. The stress-strain equations of the three-element model take the following forms when the direction of the myofibril is parallel to the x axis of the coordinate system: where Eq. 8 represents the overall stress-strain relation of the three-element model shown in Fig. S3 (B-E); ν is the elastic modulus of the parallel element; ε x , ε y , and ε xy are strain components; and σ c is the contractile stress. Eq. 9 is the linearized relation for the contractile element, and σ c0 and γ are the isometric tension and the strain rate constant of the contractile element, respectively. Eq. 10 simply represents the strain summation for the series element and contractile element, and E S is the elastic modulus of the series element. Note that the contractile element generates tensile stress only along the direction of myofibril. Thus, the myofibril orientation needs to be specified in the simulations. In all simulations, we assume that the myofibrils of the µtissue align parallel to the longitudinal axis. A list of all parameters in reported in Table 1 .
Finite element simulations
Eqs. 1-9 were implemented in our in-house finite element program. The cell-pair µtissue is meshed using three-node triangular elements with mesh size of ∼2.0 µm. The total area of the µtissue is 2,500 µm 2 , and the aspect ratio is 7:1. The thickness of the µtissue is h = 3 µm. The finite element domain is divided into two regions: cell 1 (green region) and cell 2 (white region), as shown in Fig. 4 A. Finite element nodes of two different cells on the cell-cell interface overlap and are connected by elastic springs derived from Eq. 7. Our finite element model is focused on the time period of diastolic to peak systolic contraction and is a dynamic process. An explicit time integration scheme was used to obtain time-dependent solutions of stress and strain fields from diastolic to peak systolic contraction, in which the time increment is set to be 1 ms and the time to peak systolic contraction is set to be 80 ms for all simulations. For the initial conditions of the simulations, the stress and strain components are set to be zero at time t = 0 at the diastolic state.
We first performed simulations to determine the distribution of bound integrin in the steady state. Assuming the uniform distribution of bound integrin (i.e., ρ(x,y) = 400 µm −2 on the entire island) at the beginning, traction stress was calculated at the peak systolic contraction. The magnitude of the traction stress T was then substituted into Eq. 6 to update the distribution of bound integrin. The updated distribution of bound integrin ρ(x,y) was substituted into Eq. 5 to calculate the cell substrate linkage constant k cs (x,y) in the steady state. In the present model, we are more concerned about the qualitative aspect of the problem; thus only one iteration was run to obtain the steady state. This procedure was performed for the homogeneous (Case 1) and heterogeneous (Case 2) cell pairs, as illustrated in Fig. S4 D. The cell substrate linkage constant k cs (x,y) at the steady state was then used in the new simulations in which the final traction stress, cellular tension (i.e., σ x ), and shortening were predicted, which are presented in Fig. 4 (B-D) . Videos 7-10 show the time course of traction stress and cellular tension predicted in the simulations for homogeneous and heterogeneous cell pairs.
Online supplemental material Fig. S1 shows quantitative characterization of cell morphology in homogeneous and heterogeneous µtissues. Fig. S2 shows junctional forces in heterogeneous μtissues in disease-mimicking microenvironments. Fig. S3 shows computational mechanics and finite element simulations. Videos 1-3 show the time course of the spontaneous contraction of individual microcontact-printed mouse neonate-, mES-, and miPS-derived cardiomyocytes. Videos 4-6 show the time course of the spontaneous contraction of a homogeneous neonate pair and heterogeneous pairs containing either mES-or miPSderived cardiomyocytes. Videos 7 and 8 show the time course of the simulated traction stress and cellular tension in a homogeneous pair. Videos 9 and 10 show the time course of the simulated traction stress and cellular tension in a heterogeneous pair. Online supplemental material is available at http ://www .jcb .org /cgi /content /full /jcb .201508026 /DC1.
